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ABSTRACT

The cell biological profile of skeletal muscle tissues is highly complex and variable due to the molecular heterogeneity and cellular plasticity of
contractile fibres and their supportive structures. Mass spectrometry-based proteomics has been used to study global changes in muscle dur-
ing maturation, differentiation and physiological adaptations, as well as following pathological insults. However, due to the dynamic protein
expression range of contractile cells, the findings from large-scale biochemical surveys of crude tissue extracts were limited to mostly soluble
and abundant protein species. To overcome this technical problem, organelle proteomics was applied to study distinct subcellular fractions
from skeletal muscle preparations. Tissue pre-fractionation procedures significantly reduce sample complexity and thus allow a more com-
prehensive cataloging of highly complex protein mixtures. This article reviews the impact of recent subproteomic studies of skeletal muscle
and discusses findings from changes in the proteome of mitochondria, surface membranes, sarcoplasmic reticulum, cytosol and the contrac-

tile apparatus in normal, transforming and pathological muscle.
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1. Introduction

Comparative proteomics presents one of the most power-
ful analytical tools to determine global changes in distinct
protein constellations, including the establishment of altera-
tions in protein abundance, isoform expression patterns,
protein interactions and post-translational modifications [1].
This makes proteomic datasets a fundamental part of mod-
ern systems biology and network analysis of biological pro-
cesses [2], as well as the discovery of disease biomarkers [3].
Mass spectrometry is now the method of choice for swift and
reliable protein identification in almost all high-throughput
biochemical surveys of biological or pathological processes
[4-6]. However, the routine proteomic investigation of crude
tissue extracts can be complicated by sample complexity.
Physicochemical properties of individual protein isoforms
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can differ considerably within a given proteome [7]. Thus,
the identification and characterization of thousands of pro-
teins by standard separation techniques, such as liquid chro-
matography [8] or gel electrophoresis [9], often only
achieves the coverage of the near-to-complete tissue proteo-
me. Differences in size, charge, hydrophobicity and density
seriously hamper the comprehensive identification of all
protein species in a dynamic cellular system.

Organelle proteomics attempts to overcome these tech-
nical limitations by reducing sample complexity [10] using
sophisticated pre-fractionation steps prior to proteomic
analysis [11-13]. The analysis of membrane-associated pro-
teins is especially challenging in large-scale proteomic stud-
ies [14-16] and is mostly due to the limited solubility, dy-
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namic properties and relative low abundance of integral pro-
teins in most biological systems [17-19]. Skeletal muscles
contain a diverse range of protein constituents making the
application of organelle proteomics an essential part of basic
and applied myology. Voluntary contractile fibres exhibit a
large dynamic range of proteins, a unique set of extremely
high-molecular-mass proteins, numerous supramolecular
membrane complexes and an extremely diverse isoform ex-
pression pattern of proteins involved in excitation-
contraction coupling, contractile functions, muscle relaxa-
tion, ion homeostasis and metabolic pathways [20]. This
review discusses the impact of recent subproteomic studies
of normal, adapting and pathological skeletal muscle.

2. Defining the skeletal muscle proteome

Extensive mass spectrometry-based cataloging of the skel-
etal muscle proteome has resulted in the identification of
thousands of fibre-associated protein isoforms, as well as the
degree of crucial post-translational modifications, such as
glycosylation, phosphorylation, tyrosine nitration and car-
bonylation [21]. Liquid chromatography, one-dimensional
gels or two-dimensional gels using isoelectric focusing in the
first dimension and slab gel electrophoresis in the second
dimension are routinely employed to separate muscle pro-
teins. The majority of fibre-associated proteins identified by
proteomics belong to the class of contractile proteins of the
thick and thin filaments (myosin light chains, myosin heavy
chains, actins), regulatory proteins of the contractile appa-
ratus (troponins and tropomyosins), enzymes of anaerobic
metabolism (glycolytic enzymes), enzymes of oxidative me-
tabolism (mitochondrial proteins), metabolic transportation
(fatty acid binding proteins, albumin, myoglobin), as well as
proteins responsible for detoxification and the cellular stress
response (heat shock proteins). These studies included vari-
ous muscles from humans [22] and animals that play a key
role in biomedical research [23], as well as muscle samples
crucial for the meat industry [24]. The proteomic compari-
son of fast versus slow muscles has revealed clear differences
in protein expression patterns, showing altered levels and
isoform distribution of key regulatory, functional and struc-
tural proteins belonging to the contractile apparatus, excita-
tion-contraction coupling, ion homeostasis, cell signaling,
stress response and muscle metabolism [25-27].

The proteomic characterization of human vastus lateralis
muscle revealed that mitochondrial proteins accounted for
22% of the accessible skeletal muscle proteome [28]. This
emphasizes the importance of mitochondria for muscle me-
tabolism and shows that global proteomic studies can make
an important contribution to our overall understanding of
muscle physiology and bioenergetics. It also implies that
organelle proteomics will play a key role in future studies of
the skeletal muscle proteome during physiological adapta-
tions or pathological insults. Thus, proteomic cataloguing
studies are crucial for the establishment of comprehensive
protein databanks for skeletal muscles in health and disease.

Besides the establishment of extensive proteomic maps of
skeletal muscle based on gel electrophoretic studies, the ap-
plication of shotgun proteomics to the biochemical charac-
terization of human skeletal muscle has identified a large
number of muscle-associated proteins. The proteomic analy-
sis of biopsy specimens from 31 individuals has identified
more than 2,000 protein species [29]. These databanks can
now be employed as references for large-scale comparative
studies of skeletal muscle samples. Whole tissue proteomics
has investigated the effects of physical exercise, weight loss,
muscular atrophy, muscle growth and fibre transitions, as
well as the pathological impact of nerve damage, diabetes,
sepsis, hypoxia, muscular dystrophy, inclusion body myo-
sitis, myotonia, age-related muscle wasting and motor neu-
ron disease, as critically examined in several recent reviews
[21, 22, 30-32].

3. Subproteomics of skeletal muscle tissues

Since all current large-scale biochemical separation meth-
ods have technical limitations with respect to properly sepa-
rating all components within complex mixtures of heteroge-
neous proteins, routine proteomic studies of crude extracts
do not usually cover the entire protein constellation of a giv-
en biological sample [33]. Although body liquids, such as
saliva, urine or plasma with their almost exclusively soluble
components, present exceptions and have been cataloged in
their entirety by standard proteomics [34-36], the mass spec-
trometric identification of all proteins present in biological
tissues is technically more challenging [37]. The extensive
dynamic expression range of proteins in complex tissues and
the diversity in charge, size and post-translational modifica-
tions of soluble proteins versus membrane proteins makes a
reduction in sample complexity a prerequisite for inclusive
proteomic studies. The subproteomes of distinct fractions
from skeletal muscle have been described for nuclei [38],
mitochondria [39-43], the contractile apparatus [44], sarco-
lemma [45], sarcoplasmic reticulum [46] and the cytosol [38,
47, 48], as described in detail in the below subsections.

3.1 Subcellular fractionation of skeletal muscle tissues

Muscle organelle proteomics attempts the cataloging and
characterization of discrete subcellular fractions or supramo-
lecular protein assemblies from contractile tissues, employ-
ing pre-fractionation steps prior to final protein separation.
This may include micro-dissection approaches, differential
centrifugation schemes, density gradient centrifugation,
affinity isolation methods based on ligand or antibody tech-
nology, the usage of narrow pH ranges during the isoelectric
focusing of low-abundance proteins, offgel electrophoresis
for investigating proteins with extreme pl-values, detergent
phase extraction or differential detergent fractionation tech-
niques for studying integral proteins, and immobilization
and blotting methods using on-membrane digestion for
identifying extremely high-molecular-mass or very hydro-
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phobic proteins [7, 11-13, 37, 49]. Emerging separation tech-
niques are free-flow electrophoresis and fluorescent-assisted
organelle sorting [50], which have not yet been widely ap-
plied to skeletal muscle biology. The flowchart of Figure 1
summarizes routine pre-fractionating steps for the isolation
of major organelles, membrane systems and functional units
from skeletal muscle homogenates. This includes the prepa-
ration of the contractile apparatus, nuclei, mitochondria,
sarcoplasmic reticulum, transverse tubules, sarcolemma,
extracellular matrix, cytoskeleton and the cytosolic fraction.
Standardized protocols for the subcellular fractionation of
skeletal muscle homogenates consist of repeated centrifuga-
tion steps at progressively higher speeds and longer centrifu-
gation periods. Distinct fractions enriched in nuclei, the con-
tractile apparatus, mitochondria and microsomes are rou-
tinely achieved by centrifugation for 10 minutes at 1,000g, 10
minutes at 10,000¢, 20 minutes at 20,000g and 1 hour at
100,000g, respectively. After high-speed centrifugation, the
final supernatant contains almost exclusively components
from the cytosolic fraction. Since myosins constitute one of
the most abundant classes of proteins in muscle homoge-
nates, myosin heavy and light chains often cross-

contaminate subcellular fractions following differential cen-
trifugation. However, trapped or adsorbed myosin molecules
can be easily removed from membrane preparations by mild
salt washes [51]. The heterogeneous content of the microso-
mal fraction can be further separated by density gradient
centrifugation. If a sufficiently high g-force is employed, sur-
face membranes can be separated from the highly abundant
sarcoplasmic reticulum, which usually divides into fractions
enriched in longitudinal tubules, terminal cisternae and triad
junctions [51]. The sarcolemma and transverse tubules can
be further separated by affinity purification methods, such as
differential lectin agglutination [52].

Subcellular marker proteins for distinct fractions from
skeletal muscle tissue are represented by laminin for the ba-
sal lamina, the Na*/K*-ATPase for the sarcolemma, dystro-
phin for the sub-sarcolemmal membrane cytoskeleton, vi-
mentin for the cytoskeleton, the dihydropyridine receptor
for transverse tubules, the ryanodine receptor Ca* -release
channel for triad junctions, SERCA-type Ca?*-ATPases for
longitudinal tubules of the sarcoplasmic reticulum, calse-
questrin for the terminal cisterna region, sarcalumenin for
the lumen of the sarcoplasmic reticulum, galactosyl transfer-
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Figure 1. Overview of routine pre-fractionating techniques used for the isolation of major organelles, membrane systems and functional
units from skeletal muscle. The flowchart summarizes the various experimental approaches employed to prepare fractions highly enriched in
distinct organelles or large cellular structures, including micro-dissection methods, affinity isolation techniques, detergent extraction, protein
blotting techniques and centrifugation-based subcellular fractionation protocols.
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ase for the Golgi apparatus, histones for nuclei, ribosomal
proteins for ribosomes, succinate dehydrogenase for mito-
chondria, acid phosphatase for lysosomes, catalase for pe-
roxisomes, myosin heavy chains for the contractile apparatus
and lactate dehydrogenase for the cytosol. For the subfrac-
tionation of intact organelles, the application of consecutive
swelling, shrinking and sonication steps yields usually dis-
tinct membrane species. For example, mitochondrial sub-
fractions can be identified by the enrichment of marker en-
zymes, such as succinate dehydrogenase of the inner mem-
brane, glutathione transferase of contact sites and monoam-
ino oxidase of the outer membrane.

3.2 Contractile apparatus

The distribution of myosin heavy chains, myosin light
chains and fibre type-specific enzymes is indicative of the
main fibre types I, IIa, IIx/d and IIb of skeletal muscles [53].
Since contractile proteins are extremely abundant in muscle
fibres, comparative proteomic studies using crude tissue
extracts routinely identify myosins, actins, troponins and
tropomyosins by mass spectrometry [22]. Alterations in the
abundance of specific contractile protein isoforms have been
shown to occur during muscle adaptations, muscular atro-
phy and the natural aging process, as well as in a variety of
neuromuscular diseases [21]. Previous biochemical studies
have demonstrated that chronic low-frequency stimulation
causes myosin light and heavy chains, as well as regulatory
troponin subunits, to undergo a stepwise replacement from
fast to slow isoforms [54]. Electrostimulation-induced mus-
cle transformation has been confirmed by mass spectrometry
-based proteomics and shown rapid fast-to-slow transitions
due to enhanced neuromuscular activity [55, 56]. However,
the detailed study of changed protein expression levels and/
or isoform switching usually requires enriched preparations
of the contractile apparatus.

Fractions enriched in myofibrillar proteins can be easily
isolated from tissue homogenates by differential centrifuga-
tion [57, 58]. The proteomic characterization of isolated my-
ofibrils from young adult versus senescent skeletal muscle
has established a drastic increase in the abundance of slow
myosin light chain MLC-2 during aging [44]. Phosphoprote-
omics could furthermore show that this contractile protein
exhibits the highest change in phosphorylation during aging
[44, 59]. The MLC-2 isoform of myosin light chain is an
excellent indicator of fibre transformation in skeletal muscle
[54] and its abundance changes and post-translational modi-
fications establish this protein as an excellent candidate for
being a suitable biomarker of sarcopenia of old age [60].
Comparative immunoblot analysis and immunofluorescence
microscopy were used to verify proteomic data and con-
firmed a switch between fast and slow myosin heavy chains
in aged muscle fibres [44]. Hence, these proteomic findings
support the pathophysiological concept of an age-related
shift to a slower-twitching fibre population that expresses
predominantly slow isoforms within myosin hexamers [61].

In the long-term, the proteomic identification of altered con-
centration levels of individual muscle protein species may be
useful in the biochemical evaluation of novel pharmacologi-
cal or nutritional treatment options to counter-act age-
related muscle wasting, as well as improved exercise regimes
to prevent sarcopenia and frailty in the elderly.

3.3 Skeletal muscle mitochondria

Global changes in mitochondrial proteins are intensively
studied [62, 63]. A recent review by Silvestri et al. [64] has
described in detail the importance of various analytical ap-
proaches, including two-dimensional gel electrophoresis,
blue native polyacrylamide gel electrophoresis, fluorescence
difference in-gel electrophoresis, shotgun proteomics and
stable isotope labeling analysis, mitochondrial protein arrays
and mitochondrial protein databanks. The mammalian mi-
tochondrial proteome consists of over 1,000 different pro-
teins [65-67], which are distributed throughout the inner
matrix region, a heavily folded inner membrane structure, a
smooth outer membrane and contact sites between the two
membranes, as well as an inter-membrane space that is con-
tinuous with the cytosol [68, 69]. While a small number of
mitochondrial proteins are encoded by a unique mitochon-
drial genome [70], a large population of proteins is imported
into mitochondria via sophisticated transport mechanisms
[71, 72]. Mitochondria represent one of the most diverse
class of organelles in the body with respect to multiple meta-
bolic functions and manifold involvements in regulatory
processes. Having originated as endosymbionts of a primor-
dial eukaryote, highly evolved mitochondria play a key meta-
bolic role as the primary site for energy generation via oxida-
tive phosphorylation [68]. They are furthermore involved in
the integration of intermediary metabolism, protein
transport, the production of heme and iron-sulfur clusters,
cell cycle progression, calcium ion signaling and the regula-
tion of apoptosis [69]. The proteome of mitochondria exhib-
its considerable tissue heterogeneity [39, 40] and the protein
constellation of skeletal muscle mitochondria can be distin-
guished by their subsarcolemmal versus intermyofibrillar
location [73]. Interestingly, proteomics has shown that the
mitochondrial oxidative phosphorylation system is associat-
ed with sarcolemmal lipid rafts during myogenesis [74] and
that muscle mitochondria are closely coupled to lipid drop-
lets probably promoting metabolic channeling [75].

Proteomic profiling of human vastus lateralis muscle has
identified 823 distinct mitochondrial proteins [41], making
mitochondria one of the most extensively catalogued orga-
nelle from voluntary contractile tissue [29]. Post-
translational modifications have also been extensively stud-
ied in isolated muscle mitochondria by mass spectrometry
[76, 77]. Since altered numbers of mitochondria, functional
alterations within this crucial organelle and/or changed ex-
pression levels within the mitochondrial proteome play a
central role in various disorders [67, 78] and especially dur-
ing the natural aging process of skeletal muscles [79-81],
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numerous subproteomic studies have targeted mitochondria
and their involvement in senescence of the neuromuscular
system [82]. In agreement with comparative studies of total
tissue extracts from adult versus aged muscle [21, 22], orga-
nelle proteomics identified a large number of changed mito-
chondrial proteins during aging [42, 43]. Proteomic profiling
in combination with Blue Native PAGE analysis, which has
been widely applied to defining the mitochondrial protein
population [83], revealed interesting age-related changes in
the abundance of mitochondrial complexes involved in oxi-
dative phosphorylation [43]. The mitochondria-enriched
fraction from senescent rat muscle was shown to exhibit
drastically increased levels of NADH dehydrogenase, succin-
ate dehydrogenase, creatine kinase and ubiquinol cyto-
chrome-c reductase [42]. In addition, the offgel electropho-
retic analysis of basic proteins could also show increased
levels of mitochondrial creatine kinase and ubiquinol cyto-
chrome-c reductase in aged muscle [84]. These findings
agree with the pathobiochemical concept of a drastic meta-
bolic shift during fibre aging [61]. Skeletal muscle tissues
appear to perform a higher degree of aerobic-oxidative me-
tabolism in a slower-twitching fibre population during age-
dependent fibre degeneration [60]. However, this process is
probably not an adaptive mechanism during aging, but ra-
ther a pathological consequence of the selective denervation
and preferential loss of type II fibres in senescent muscles
[85]. The progressive loss of muscle mass and function in the
elderly has now been termed sarcopenia and is believed to
play a major pathophysiological role in the overall functional
decline of the senescent organism [86-88].

Regular physical activity and a healthy lifestyle play a cru-
cial role in preventative medicine, including the avoidance of
an early onset of certain forms of diabetes, obesity or sarco-
penia of old age. Thus, studying the effects of endurance ex-
ercise versus disuse atrophy by proteomics can give crucial
molecular and cellular insights into global mechanisms of
muscle adaptation [31]. Changed functional demands have
profound effects on protein expression levels and proteomic
studies have shown that on the one hand chronic neuromus-
cular activity triggers fast-to-slow transitions [56, 89] and on
the other hand muscular atrophy is clearly associated with
slow-to-fast transformation processes [90-92]. The fact that
endurance training triggers extensive modifications of the
mitochondrial protein constellation was recently confirmed
by organelle proteomics. Egan et al. [93] have shown that a
large number of mitochondrial markers are increased in
human vastus lateralis muscle following endurance exercise,
including creatine kinase, ATP synthase and malate dehy-
drogenase. These proteomic findings support the idea of
skeletal muscle tissue being highly plastic in its physiological
response and that the neuromuscular system can quickly
adapt to new physical challenges.

In contrast to physical training, muscular disuse and obe-
sity has been linked to a higher susceptibility to type 2 diabe-
tes. Diabetes mellitus does not only affect the heart in a ma-
jor way, but also triggers contractile weakness and metabolic

disturbances in skeletal muscles [94]. Muscle proteomics has
shown major changes in the protein profile of patients with
insulin resistance [95], whereby an oxidative-to-glycolytic
shift appears to occur in diabetic fibres [96]. The proteomic
profiling of isolated mitochondria from diabetic skeletal
muscle has shown a generally perturbed protein expression
pattern with a reduction in NADH dehydrogenase, cyto-
chrome b-cl complex and isocitrate dehydrogenase.
Isoforms of ATP synthase and pyruvate dehydrogenase
showed differential changes in their expression levels [97].
Mitochondrial abnormalities probably cause a diabetes-
related impairment of oxidative phosphorylation and may
thus be crucial for metabolic disturbances and the develop-
ment of insulin resistance [32].

3.4 Surface membranes

The highly complex arrangement of the sarcolemma and
its membranous invaginations, the transverse tubular sys-
tem, is involved in a plethora of cellular functions in skeletal
muscle fibres. This includes synaptic transmission, propaga-
tion of action potentials, excitation-contraction coupling, the
essential stabilization of the fibre periphery during contrac-
tion-relaxation cycles, indispensable nutrient uptake, metab-
olite transportation, the maintenance of cell signaling sys-
tems, the provision of natural repair mechanisms following
membrane rupturing, the regulation of ion homeostasis and
general structural support for the preservation of fibre integ-
rity [98]. Since the sarcolemma and transverse tubules are
relatively low in abundance as compared to the intricate
membrane system of the sarcoplasmic reticulum, the bio-
chemical isolation of distinct surface membrane vesicles
from skeletal muscle homogenates without cross-
contaminations is a difficult task. However, an important
prerequisite of meaningful muscle organelle proteomics is
the biochemical purity of the starting material for protein
analysis [7, 37]. Hence impurities due to non-specific protein
adsorption and/or cross-contaminations due to membrane
entrapments during isolation procedure have to be kept to a
minimum. Ideally suited for such applications are affinity
isolation methods that exploit distinct cellular, immunologi-
cal or physicochemical properties of subcellular fractions
and their constituents.

Affinity isolation of plasmalemma vesicles in combination
with one-dimensional gradient gel electrophoresis and on-
membrane digestion has been used to determine the protein
composition of highly purified sarcolemma vesicles from
rabbit skeletal muscle [45]. This novel approach has over-
come several technical limitations of standard gel electro-
phoresis-based proteomics that routinely employs two-
dimensional gel electrophoresis and subsequent in-gel diges-
tion for mass spectrometric studies. Two-dimensional gel
electrophoresis is an excellent method for the large-scale
separation of urea-soluble and abundant proteins that fall
into a molecular mass range of approximately 10 to 200 kDa.
However, proteins with a low copy number, very high mo-
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lecular mass, mostly hydrophobic properties, extensive post-
translational modifications and/or extreme pl-values are
poorly represented by this electrophoretic technique. Thus,
for studying integral proteins of high molecular mass it is
advantageous to pre-fractionate tissue samples to reduce
sample complexity and then use large one-dimensional gra-
dient gels for protein separation. In addition, since high-
throughput proteomic surveys using in-gel digestion proce-
dures are sometimes complicated by an inefficient trypsi-
nation of certain protein species, on-membrane digestion
with superior protein sequence coverage can be used as an
alternative [99-101].

When studying highly enriched sarcolemma vesicles from
skeletal muscle, the combination of lectin affinity purifica-
tion, one-dimensional gradient gel electrophoresis and on-
membrane digestion has resulted in the comprehensive cata-
loguing of major protein bands representing the plasmalem-
ma [45]. Mass spectrometric screening of sarcolemma-
associated proteins identified a number of very large muscle
components, including the membrane cytoskeletal element
dystrophin of 427 kDa. The Dp427 isoform, the absence of
which causes x-linked muscular dystrophy, had not previ-
ously been identified in numerous proteomic studies of nor-
mal versus dystrophic muscles due to its very high molecular
mass [30]. Hence, affinity organelle isolation and on-
membrane digestion were shown to be highly appropriate
for the proteomic identification of high-molecular-mass pro-
teins that would otherwise not be properly recognized by
standard two-dimensional gel electrophoresis.

3.5 Sarcoplasmic reticulum

The specialized endoplasmic reticulum of skeletal muscles,
the sarcoplasmic reticulum, is a highly abundant organellar
structure and acts as a crucial physiological controller of Ca?
-cycling throughout the muscle interior [102]. The sarcoplas-
mic reticulum thus plays a key role in the regulation of the
excitation-contraction-relaxation cycle of muscle fibres
[103]. Since the contractile status of muscles is determined
by cytosolic Ca?*-levels, the spatiotemporal organization of
Ca?*-release versus energy-dependent Ca’-uptake by the
sarcoplasmic reticulum regulates excitation-contraction cou-
pling and fibre relaxation. A large number of Ca?*-channels,
Ca?-ATPases, Ca?*-exchangers and Ca?*-binding proteins
are involved in the highly complex maintenance of Ca?-
homeostasis in skeletal muscle tissues [104]. Transient open-
ing of the nicotinic acetylcholine receptor by neurotransmit-
ter binding triggers the massive influx of Na*-ions into mus-
cle fibres at the neuromuscular junction, which in turn caus-
es the propagation of an action potential along the sarcolem-
ma via voltage-dependent Nat*-channel activation. Within
the transverse tubular membrane, the voltage-sensing -
subunit of the dihydropyridine receptor interacts with the
ryanodine receptor complex by direct physical means
through its II-III loop domain and triggers the opening of
the Ca?*-release channel at the triad junction [105]. Passive

efflux of Ca*-ions along a steep gradient raises the level of
this second messenger in the cytosol and initiates muscle
contraction by binding to the troponin TnC subunit. Fibre
relaxation is caused by the active re-uptake of Ca?*-ions into
the lumen of the sarcoplasmic reticulum by slow SERCA2
and fast SERCA1 Ca*-ATPase complexes. Ion shuttling
within the organelle is provided by sarcalumenin and ion
storage and channeling to the ryanodine receptor is mediat-
ed by the high-capacity Ca**-binding protein calsequestrin
[106].

As already outlined in above section on sarcolemma prote-
omics, standard gel electrophoresis-based proteomics does
not cover all protein species present in crude extracts or sub-
cellular fractions. This is especially problematic in the case of
very large integral proteins of which the sarcoplasmic reticu-
lum contains many examples, such as the ryanodine receptor
Ca?*-release channel monomer of 565 kDa [107]. In order to
be able to identify this hydrophobic protein of the sarcoplas-
mic reticulum by mass spectrometry, a combination of sub-
cellular fractionation, gradient gel electrophoresis, protein
blotting and on-membrane digestion had to be employed
[46]. The proteomic survey of the sarcoplasmic reticulum
revealed the presence of 31 distinct protein species, includ-
ing all major Ca*-regulatory proteins involved in the excita-
tion-contraction-relaxation cycle, such as Ca?*-ATPase,
calsequestrin, sarcalumenin and the Ca? -release channel.
Previous ultrastructural studies had localized glycolytic en-
zymes on sarcoplasmic reticulum vesicles [108]. The bio-
chemical concept of a close physical coupling between the
energy-dependent sarcoplasmic reticulum and the ATP-
producing glycolytic pathway was confirmed by proteomics.
Mass spectrometry clearly identified the presence of the gly-
colytic enzymes phosphofructokinase and aldolase in the
purified sarcoplasmic reticulum [46]. Thus, organelle prote-
omics using on-membrane digestion methodology is an ex-
cellent way for studying high-molecular-mass proteins and
hydrophobic proteins.

The cationic carbocyanine dye ‘Stains-all’ labels most gel-
bound proteins with a light pinkish colour, but stains Ca*-
binding proteins with a characteristic dark purple colour
whereby dye-protein complexes absorb maximally at 615 nm
[109]. This property of ‘Stains-all’ dye, in combination with
mass spectrometry and immunoblotting, was exploited in a
subproteomic study of the fate of Ca?*-binding proteins in
dystrophic muscle [110]. Duchenne muscular dystrophy is
an x-linked inherited muscle wasting disease and due to pri-
mary abnormalities in the membrane cytoskeletal protein
dystrophin [111]. Micro-rupturing of the dystrophin-
deficient sarcolemma and ineflicient repair mechanisms are
believed to cause irregular ion handling, which is probably a
key pathophysiological factor that renders skeletal muscle
fibres more susceptible to necrosis [112]. Comparative sub-
proteomics demonstrated that the reduced Ca*-buffering
capacity of the sarcoplasmic reticulum from dystrophic fi-
bres is caused by drastically decreased levels of the main lu-
minal Ca*-reservoir protein calsequestrin [110]. Proteomic
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analyses have also established that the luminal Ca?*-shuttle
protein sarcalumenin is reduced in dystrophin-deficient
muscle [113]. Hence, a reduction in essential luminal Ca2*-
binding proteins probably plays a key role in the molecular
pathogenesis of x-linked muscular dystrophy. With respect
to potential therapeutic implications, it is important to men-
tion that the proteomic evaluation of experimental exon-
skipping treatment has shown a reversal of calsequestrin
reduction in treated fibres [114]. There appears to be a direct
connection between the re-establishment of the sub-
sarcolemmal membrane cytoskeleton and the Ca*-handling
apparatus of the sarcoplasmic reticulum in muscle following
reversal of the primary defect in dystrophinopathy [30].

3.6 Muscle cytosol

The sarcoplasm provides the aqueous environment within
a muscle fibre and supports and surrounds organelles with
its semi-fluid material containing water, anions, cations,
organic molecules, nutrients and numerous metabolic and
signaling enzymes. The cytoplasm functions as a polar sol-
vent for soluble cellular constituents and facilitates the trans-
portation of essential metabolites and messenger molecules
within the contractile fibre. A key anaerobic pathway for
energy production and metabolic integration is glycolysis,
which occurs almost exclusively in the cytosol of muscle
fibres. The enzyme hexokinase is the only exception and its
activity levels are regulated by binding to the mitochondrial
outer membrane for metabolic channeling purposes. Sub-
proteomic studies have confirmed the high abundance and
central metabolic position of glycolytic enzymes in skeletal
muscle tissues. Proteomic analysis has clearly established
that the most abundant protein species present in the diffusi-
ble fraction of the skeletal muscle proteome are the 10 glyco-
lytic enzymes [47]. The high density and solubility of the
enzymes that mediate the core glycolytic pathway makes
them ideal biomarker candidates to be evaluated by standard
biochemical separation methods and mass spectrometry,
which has been covered in an extensive review [115].

A subproteomic study by Vitorino et al. [38] of the nucle-
ar, mitochondrial and cytosolic fractions from fast versus
slow muscles has established a considerable number of cyto-
sol-associated proteins. Although the application of conven-
tional subcellular fractionation methods results in a consid-
erable degree of cross-contaminations between individual
fractions, these kinds of proteomic maps may become useful
in future comparative studies for evaluating the effects of
physiological adaptations or pathological insults on the mus-
cle cytosol. Previously, cytosolic protein changes were stud-
ied in the mdx animal model of Duchenne muscular dystro-
phy [116, 117] and atrophying mouse skeletal muscle [48] by
subproteomics. The proteomic comparison of 3-month old
dystrophic mdx muscles versus age-matched normal con-
trols revealed the differential expression of approximately 40
proteins from the cytosolic fraction [116, 117]. Abnormal
levels of adenylate kinase isoform AKI and creatine kinase

indicate disturbed regulation of nucleotide ratios and energy
metabolism in dystrophin-deficient muscle tissue [116] and
these altered protein levels were also shown to exist in the
severely dystrophic mdx diaphragm muscle [118, 119].

3.7 Skeletal muscle secretome

The proteins secreted by cells and tissues have a great po-
tential to be exploited as disease- and stage-specific bi-
omarkers of a variety of pathological conditions [120]. The
entirety of molecules secreted from living muscle fibres are
referred to as the muscle secretome, whereby released pro-
teins are involved in myogenesis, cellular signaling, cell-cell
communication, proliferation and cell migration [121]. This
makes the cataloguing of the fibre secretome an important
aspect of studying autocrine and paracrine signaling mecha-
nisms of the neuromuscular system. For proteomic studies
of the muscle secretome, the collection of the released pro-
tein fraction under controlled conditions is challenging and
often hampered by cross-contamination and/or interference
by experimentally uncontainable cellular events other than
true protein secretion. Besides these technical problems,
initial proteomic studies focusing on the muscle secretome
have identified interesting groups of extracellular factors that
may be involved in the triggering and regulation of intracel-
lular events involved in development, muscle repair and fi-
bre adaptations [122-126]. Secretome proteomics has been
especially applied to understanding the role of external fac-
tors during myogenesis, including myoblast proliferation,
myoblast differentiation and myotube formation [121].

The proteomic survey of cultured C2C12 muscle cells that
were grown in a serum-free medium resulted in the identifi-
cation of a large number of secretory proteins involved in
extracellular matrix remodeling, cellular proliferation, mi-
gration, and cellular signaling [122]. Quantitative proteomic
analysis of the dynamic muscle secretome at different time
points of myoblast differentiation identified over 600 re-
leased proteins, including cytokines, growth factors and
metallo-peptidases [123]. The proteomic identification of
changes in the human myotube secretome due to exposure
to insulin or tumor necrosis factor TNF-a revealed several
new mediator candidates that are being secreted at lower or
higher levels following insulin stimulation or during insulin
resistance [125, 126]. This indicates that skeletal muscle is a
prominent secretory organ that produces a considerable
amount of extracellular factors that mediate signaling to the
highly complex contractile system and surrounding tissues.

3.8 Proteomics of select protein populations and protein com-
plexes

Comparative biochemical studies are ideally performed
with crude total tissue extracts in order to avoid potential
artifacts due to extensive subcellular fractionation proce-
dures. Extensive tissue manipulation and numerous prepara-
tive steps in the enrichment of a particular organelle or sub-
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cellular fraction may cause uncontrolled protein release,
protein adsorption, protein entrapment or non-specific pro-
tein loss. Preparation of tissue homogenates and the subse-
quent isolation of membrane fractions often result in the
production of mixed vesicle populations, including mem-
brane sheets, leaky vesicles, inside-out vesicles, right-side-
out vesicles and smaller vesicles entrapped in larger mem-
brane assemblies. Thus, in comparative organelle studies
these technical complications have to be taken into account
and may seriously limit the proper evaluation of protein lev-
els in physiologically challenged or pathologically damaged
muscle preparations. In order to reach a high degree of va-
lidity, subproteomic studies have to use highly purified sam-
ples with a minimum of impurities from other cellular com-
partments. An alternative to organelle proteomics is the bio-
chemical isolation of distinct protein populations or the
preparation of the entire protein complement from a given
tissue sample.

Filter-aided sample preparation is a method that exploits a
combination of detergent solubilization of the entire protein
constellation of a cell, retention and concentration of the
sample on an ultra-filtration device, detergent removal, ex-
change with urea buffer, chemical modifications and finally
controlled protein digestion for mass spectrometric analysis
[127]. This procedure covers theoretically the entire proteo-
me of a given sample. If a proteomic analysis focuses on sol-
uble versus hydrophobic proteins, detergent phase extrac-
tion would be the method of choice. This separation tech-
nique exploits the principle of temperature-dependent phase
extraction with the detergent Triton X-114. Phase separation
occurs at temperatures above 22°C using Triton X-114. A
detergent phase with predominantly hydrophobic proteins
and an aqueous phase enriched in hydrophilic proteins oc-
curs reproducible at an experimental temperature setting of
37°C [128]. As can be seen with most separation methods,
detergent phase transition approaches also cause a certain
degree of cross-contamination between integral and soluble
protein species. The fluorescence difference in-gel electro-
phoretic analysis of aging skeletal muscle proteins using
nonionic detergent phase extraction revealed alterations in a
large number of muscle-associated proteins involved in en-
ergy metabolism, metabolic transportation, regulatory pro-
cesses, the cellular stress response, detoxification mecha-
nisms and fibre contraction [129].

Skeletal muscle tissues contain several extremely large
membrane-associated protein complexes, such as the nico-
tinic acetylcholine receptor of the post-synaptic membrane
folds, the ryanodine receptor Ca?*-release channel of the
triad junctions and the dystrophin-glycoprotein complex
that encompasses the membrane cytoskeleton, the sarcolem-
ma and the extracellular matrix. Proteomics has been used to
characterize the supramolecular dystrophin-associated com-
plex and confirmed the composition of this protein assembly
by mass spectrometry [45, 130]. Immunoprecipitation was
used to isolate sarcolemmal B-dystroglycan and its tightly
associated members of the dystrophin-glycoprotein complex

from detergent-solubilized skeletal muscle [130]. Another
proteomic approach used biochemically purified dystrophin
and its associated glycoproteins and identified individual
components by mass spectrometry following gradient gel
electrophoresis and on-membrane digestion [45]. Proteins
from digitonin-solubilized muscle membranes were separat-
ed by ion exchange chromatography, lectin binding and su-
crose gradient centrifugation. The mass spectrometric analy-
sis clearly established a tight linkage between dystrophin of
427 kDa and integral glycoproteins of the sarcolemma [45].
This demonstrates that mass spectrometry-based proteomics
can be successfully applied to the identification and charac-
terization of relatively low-abundance and membrane-
associated muscle protein complexes. These new isolation
and detection methods can be extremely useful for detailed
future studies into the pathobiochemical role of the dystro-
phin complex in muscular dystrophy.

3.9 Proteomic markers of muscle organelles

Skeletal muscle proteomics has both confirmed the useful-
ness of established subcellular markers in high-throughput
studies and identified novel candidates for the characteriza-
tion of organelles and membrane systems in large-scale bio-
chemical surveys. The diagram of Figure 2 gives an overview
of select subcellular markers of skeletal muscle fibres. As
listed in Table 1, this includes proteins associated with the
contractile myosin-containing filaments (myosin heavy
chains, myosin light chains), contractile actin-containing
filaments (various actin isoforms), regulatory complexes of
the contractile apparatus (tropomyosins TM, troponin subu-
nits TnT, Tnl, TnC), the sarcolemma membrane (dysferlin,
Na*/K*-ATPase, [-dystroglycan), the sub-sarcolemmal
membrane cytoskeleton (full-length dystrophin isoform
Dp427), the cytoskeleton (vimentin, desmin), the extracellu-
lar matrix (Jaminin, collagen), the transverse tubular mem-
brane system (voltage-sensing dihydropyridine receptor
complex), the extracellular space (albumin), the longitudinal
tubules membranes of the sarcoplasmic reticulum (SERCA-
type Ca*-ATPases), the terminal cisternae region of the sar-
coplasmic reticulum (Ca?*-binding protein calsequestrin),
the lumen of the sarcoplasmic reticulum (Ca?*-shuttle pro-
tein sarcalumenin), the triad junction membrane (ryanodine
receptor RyR1 Ca?-release channel complex), the outer
membrane of mitochondria (VDAC porin), the inner mem-
brane of mitochondria (Complex I, NADH dehydrogenase;
Complex II, succinate dehydrogenase; Complex III, cyto-
chrome b-c complex; Complex IV, cytochrome ¢ oxidase;
and Complex V, ATP synthase), and the mitochondrial ma-
trix (isocitrate dehydrogenase), as well as cytosolic compart-
ments that provide metabolite transportation (myoglobin,
fatty acid binding protein), the cellular stress response
(molecular chaperones) and metabolic pathways (glycolytic
enzymes).

27-38:34
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Subcelluar muscle fraction

Muscle-associated marker proteins

Contractile apparatus
Myosin filament

Contractile apparatus

Actin filament

Contractile apparatus
Tropomyosin filament
Contractile apparatus
Troponin complex
Sarcolemma membrane
Sub-sarcolemmal membrane

cytoskeleton

Cytoskeleton

Transverse tubular membrane
Extracellular space
Extracellular matrix
Sarcoplasmic reticulum
longitudinal tubules membrane

Sarcoplasmic reticulum
terminal cisternae region
Sarcoplasmic reticulum lumen
Triad junction membrane
Mitochondria - outer membrane
Mitochondria - inner membrane
Complex I

Mitochondria - inner membrane
Complex I

Mitochondria - inner membrane
Complex III

Mitochondria - inner membrane

Complex IV

Mitochondria - inner membrane
Complex V

Mitochondria - matrix

Cytosol — metabolite transportation
Cytosol - molecular chaperones

Cytosol - glycolytic particle

Myosin heavy chains: MHC, IIa, I1dx, ITb

Myosin light chains: MLC 1f, 2f, 3f, 1s, 2s

Actins: various a isoforms

Tropomyosins: TM as, af, b

Troponin subunits: TnT (1f-4f), Tnl (£, s), TnC (f, s)
Dysferlin, Na*/K*-ATPase, B-dystroglycan
Dystrophin (full-length isoform Dp427)

Vimentin, desmin
Dihydropyridine receptor complex
Albumin

Collagen, laminin

SERCA-type Ca?>*-ATPases (SERCA1, SERCA2)

Calsequestrin Ca?*-binding protein (CSQf, CSQs)

Sarcalumenin Ca?*-binding protein (SAR)
Ryanodine receptor Ca?*-release channel complex (Muscle isoform RyR1)

VDAC porin (VDACI isoform)

NADH dehydrogenase

Succinate dehydrogenase

Cytochrome b-c complex

Cytochrome c oxidase

ATP synthase

Isocitrate dehydrogenase

Myoglobin, fatty acid binding protein FABP3
Small heat shock proteins (0B-crystallin, cvHsp)
Glycolytic enzymes
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Figure 2. Overview of proteomic markers representative of distinct subcelluar fractions from skeletal muscle. The diagram summarizes
the subcellular position of established and frequently used marker proteins of the extracellular matrix, extracellular space, sarcolemma, trans-
verse tubules, cytoskeleton, sarcoplasmic reticulum, contractile apparatus, mitochondria and cytosol.

4. Future perspectives

The determination of global cellular mechanisms and pro-
teomic biomarker identification are now at the forefront of
many large-scale biochemical surveys of normal, adapting
and pathological skeletal muscles. However, the dynamic
expression range of muscle proteins and the extremely di-
verse biochemical properties of individual proteins with re-
spect to size, charge, hydrophobicity and extent of post-
translational modifications seriously complicate the compar-
ative proteomic analysis of whole tissues. Thus, in the fore-
seeable future the usage of subproteomics for studying iso-
lated organelles and distinct cellular fractions will be a neces-
sity for covering the majority of constituents in a tissue pro-
teome. In order to improve the analytical impact of orga-
nelle proteomics, it will be essential to utilize more precise
mass spectrometric approaches even for the identification of
proteins of very low abundance, but also develop superior
subcellular fractionation techniques that exhibit a minimum
degree of cross-contamination and employ wide-ranging
separation schemes that coalesce the technical advantages of
gel electrophoresis, liquid chromatography and optimum
protein digestion for identifying a maximum number of pro-
teins. The miniaturization of isolation methods, especially in
the preparation of individual muscle fibres with an intact

morphology and the microscopical dissection of cellular
domains, promises to have a considerable impact on orga-
nelle proteomics. Once more comprehensive databanks of
muscle organelle proteomes have been established, it will be
crucial to use sophisticated bioinformatics to better integrate
findings from genomics, transcriptomics, proteomics,
metabolomics and cytomics for the systems biological evalu-
ation of fundamental aspects of muscle biology and neuro-
muscular pathology.
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